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Membrane proteins constitute roughly one-third of all gene
products and play key roles in cell function. Despite this,
they are poorly represented in the list of proteins with
determined atomic-resolution structures, because both crys-
tallography and NMR still encounter difficulties in handling
membrane proteins. Large hydrophobic patches of membrane
proteins strongly interfere with their crystallization for
diffraction experiments (1-3); only a few examples can be
mentioned when the structures of membrane-reconstituted
proteins were determined by X-ray crystallography (3-8).
Despite the considerable progress in determining atomic-
resolution structures of membrane proteins by solid-state and
multidimensional heteronuclear NMR techniques (9-12),
modern macromolecular NMR is limited to particles of
moderate size. This prohibits the use of lipid vesicles and
forces the investigators to use either organic solvents or
detergent micelles to mimic the hydrophobic membrane
environment. Clearly, none of the media conventionally used
in crystallography or NMR (i.e., crystals, micelles, or organic
solvents) feasibly model the properties of the membrane-
water interface, the native environment of membrane pro-
teins. Moreover, the correspondence between structural
models deduced from crystallography or NMR and the native
structure of membrane proteins remains an open question
(13, 14). The unique properties of the membrane-water
interface indeed determine the structure of membrane
proteins in many ways (15-17). Therefore, development of
biophysical techniques for determining the structure and
function of membrane proteins under physiological condi-
tions is one of the most demanding problems of modern
structural biology. This article highlights recent advances in
understanding the structure of membrane proteins and their
interactions with lipids by attenuated total reflection Fourier
transform infrared (ATR-FTIR)1 spectroscopy. Some useful
features and theoretical aspects of ATR-FTIR spectroscopy
of proteins have been reported in previous reviews (18-
26). Our focus is on new developments in biophysical
applications of ATR-FTIR spectroscopy, including physical
characterization of supported lipid monolayers and bilayers,
quantitative description of protein-lipid interactions and

accompanying structural effects, protein-protein interactions
in membranes, analysis of the mechanisms of membrane-
binding enzymes, and advances in isotope-edited and time-
resolved difference FTIR spectroscopy. Adequate experi-
mental and data analysis procedures are described, and
precaution measures that should be exercised to avoid
misinterpretation of the data are outlined.

Analysis of Protein-Lipid Systems by ATR-FTIR
Spectroscopy

In an ATR-FTIR experiment, an internal reflection plate
(e.g., germanium or ZnSe) is covered with lipid layer(s)
containing reconstituted protein(s), and the infrared beam is
focused into the plate. The light travels inside the plate by
means of a series of internal reflections from one surface of
the plate to the other, creating an exponentially decaying
evanescent radiation outside the plate. Absorption of the
energy of the evanescent field by the supported membrane
and the reconstituted protein provides ATR-FTIR spectra that
contain a wealth of information about the structure of the
system. Because the decay length of the evanescent wave
(typically ∼0.2-0.6µm) extends far beyond the dimensions
of largest proteins, there are no concerns regarding the size
of the protein. On the other hand, because of large wave-
lengths of infrared light, light scattering problems are no
longer bothersome like in circular dichroism or fluorescence
experiments in the UV region. By using polarized light in
ATR-FTIR measurements, one evaluates the orientation of
the protein with respect to membrane lipids, which is usually
not obtained by high-resolution techniques.

The spectra of a protein-lipid system comprise well-
resolved absorbance bands not only of both membrane lipids
and proteins but also of different structural (or functional)
groups of these molecules, without the requirement of
labeling. Among various “amide vibrational modes” gener-
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ated by a polypeptide chain, the amide I mode (∼1700-
1600 cm-1) is most sensitive to the protein secondary
structure, and the amide II mode (∼1545 cm-1) is sensitive
to the amide hydrogen exchange (HX) kinetics (20, 27-
32). Two representative ATR-FTIR spectra of supported
membranes with an incorporated integral membrane protein,
K+ channel, and with peripherally membrane-bound phos-
pholipae A2 (PLA2) are presented in Figure 1. Even the
comparison of these panoramic spectra indicates apparent
structural differences between the two systems. Distinct line
shapes of amide I bands of the K+ channel and PLA2 reflect
secondary structural features of these proteins. The stronger
amide II band of the K+, channel compared to that of PLA2,
indicates slower HX for the K+ channel, probably because
it is protected from the solvent (D2O) by the membrane (33).
The decreased intensity of lipid bands in the case of PLA2

evidently results from PLA2-catalyzed lipid hydrolysis and
partial dissociation of the reaction products from the
membrane (34, 35). More detailed characterization of
protein-lipid systems by ATR-FTIR is described in the
following sections.

Lipid Monolayers and Bilayers

Lipid bilayer membranes supported on solid substrates
have been successfully used as models of cellular membranes
(36, 37). A variety of techniques have been devised for
preparation of supported membranes, most of which include
spreading of vesicles either directly on a solid surface or on
a preformed lipid monolayer, with or without an underlying
polymer cushion (33-46). Since the presence of excess water
is critical for the structure of both proteins and lipids, samples
in the bulk aqueous phase correspond to physiological
conditions to a larger extent than those prepared by drying
proteoliposomes on the surface of the plate (21-23, 47-
51).

Lipid monolayers are conventionally deposited on the
internal reflection plate by the Langmuir-Blodgett (LB)
technique (33-35, 39-41, 52, 53). As described below, the

lipid packing density and the physical state (e.g., gel or
liquid-crystalline), the orientational order parameter, the
thickness of the water layer trapped between the membrane
and the substrate, and the number of trapped water molecules
per lipid can be determined. Two spectra of a POPC
monolayer at parallel and perpendicular polarizations of the
infrared light (relative to the incidence plane) in the region
covering the lipid CH2 and water HOH stretching bands are
shown in Figure 2. The ATR dichroic ratio of the lipid acyl
chains (RATR), i.e., the ratio of the intensities of CH2

stretching bands at parallel and perpendicular polarizations,
equalsA||/A⊥ ()1.17), and the order parameter is determined
by eq 1 of the Supporting Information (S) 0.05). ATR order
parameters can change in the region between-0.5 and 1,
corresponding to orientations of the molecular axis parallel
or perpendicular to the membrane plane, respectively, and
an order parameterSof 0 corresponds either to an isotropic
orientational distribution or to a fixed orientation at 54.7°.
An order parameter of 0.05 indicates a large degree of
disorder in the acyl chains of POPC, which results from the
unsaturated bond in thesn-2 chain. The frequencies of CH2

stretching vibrations are known to increase upon gel-to-liquid
crystal phase transitions of lipids. In particular, the asym-
metric CH2 band shifts from∼2916 to∼2924 cm-1 upon
phase transition (28, 54). For POPC monolayers, this
vibrational mode occurs at 2922.8 cm-1, confirming the
disordered, fluid-like state of the lipid.

The lipid packing density in the monolayer,Γ, is deter-
mined by eq 4 of the Supporting Information, using the
following parameters: the measured integrated intensity of
the lipid CH2 band (2990-2812 cm-1), A|| ) 1.638 cm-1,
the integrated extinction coefficient of the lipid [εlipid ) 1.32
× 108 cm/mol (55)], n12 ) 4/1.43,N ) 42, γ ) 45°, Ex )
1.411, andEz ) 0.738 (for an explanation, see the Supporting
Information). This yields aΓ of 2.3× 10-10 mol/cm2, which
corresponds to a cross-sectional area per POPC molecule of
72 Å2.

The absorbance of polarized light by spatially oriented
molecules depends on the molecular orientation. Therefore,
for determination of the molar ratio of two differently
oriented components in the system, one needs a spectrum

FIGURE 1: ATR-FTIR spectra of phospholipid bilayers supported
on a germanium plate with reconstitutedS. liVidans K+ channel
and with a membrane-bound secretory PLA2, as indicated. The
membranes contain POPC (or DPPC) in the lower leaflet and a
4/1 POPC/POPG mixture (or asolectin) in the upper leaflet, for
PLA2 and K+ channel, respectively. The spectra are recorded at
perpendicular polarization of the infrared light, under D2O buffers
containing 100 mM NaCl, 15 mM KCl, 10 mM Hepes, and 2 mM
CaCl2 (pD 8.0) for PLA2 and 150 mM NaCl and 10 mM Tris-HCl
(pD 7.4) for K+ channel.

FIGURE 2: The upper two spectra are the ATR-FTIR spectra of a
supported POPC monolayer at parallel (s) and perpendicular (‚‚‚)
polarizations of the infrared light. The lower spectrum is a
polarization-independent spectrum obtained withA ) A|| - 0.422A⊥.
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which is not affected by polarization. “Polarization-
independent” spectra can be obtained using two spectra
measured at parallel and perpendicular polarizations [A )
A|| + GA⊥, whereG ) (2Ez

2 - Ex
2)/Ey

2 (25), andEx, Ey, and
Ez are the orthogonal electric vector components of the
evanescent field in the membrane (see ref25 and the
Supporting Information)]. Such a spectrum was obtained for
the POPC monolayer using a scaling factor for a Ge-
deposited thin film under air, whereG ) -0.422 (lower part
of Figure 2). This spectrum was used to find the ratio of
absorbance intensities of the trapped water and the lipid
[Awater/Alipid ) 1.312 (the intensity of the water band was
integrated in the region of 3540-3200 cm-1)]. This ratio
was used in eq 5 of the Supporting Information along with
integrated extinction coefficients of the lipid and water [εwater

) 1.17 × 107 cm/mol (56)] to determine the water/lipid
molar ratio ()14.8). The spacing between the lipid mono-
layer and the plate is estimated by multiplying the number
of waters per lipid (14.8) by the molecular volume of water
(29.92 Å3) and dividing by the cross-sectional area per lipid
(72 Å2), which yields anh of ≈6.2 Å.

Data for monolayers of various lipids (Table 1) indicate
that the lipid order parameter decreases upon incorporation
of one or two unsaturated bonds in the acyl chains (POPC
and PLPC, respectively) and significantly increases upon
elongation of acyl chains (compare DMPC and DPPC). For
ester phospholipids (DPPC, DMPC, POPC, and PLPC), there
is an inverse proportionality between the lipid order param-
eters and CH2 stretching frequencies. For all six lipids, tighter
lipid packing densities correspond to lower CH2 stretching
frequencies and to fewer water molecules per lipid.

Supported lipid bilayers can be prepared by injecting lipid
vesicles into the cell, containing the plate covered with a
monolayer; interaction of vesicles with the hydrophobic
surface causes spreading and formation of supported bilayers
(33-35, 39, 40, 52, 53). Direct spreading of sonicated
vesicles on Ge plates also produces high-quality supported
bilayers, especially if the vesicles contain acidic lipids and
the buffer includesg1 mM CaCl2 (34). Comparison of the
spectra of a DPPC monolayer with the spectra of a DPPC/
asolectin bilayer indicated the appearance of the olefinic CH
stretching band at∼3010 cm-1, broadening of the methylene
bands, a blue shift of their frequencies, and a decrease in
the packing order in the bilayer compared to the monolayer,
resulting from the highly unsaturated hydrocarbon chains in
asolectin (33). This was confirmed by a decrease in the order

parameterSfrom ≈0.7 (monolayer) to 0.42 (bilayer). These
data demonstrate that supported lipid monolayers and bilayers
can be comprehensively characterized by ATR-FTIR, and
physical properties of the membranes can be regulated by
changing their lipid composition.

Membrane Binding of Peripheral and Integral Proteins

Supported membranes are well suited for studying both
peripheral and integral membrane proteins. The solution of
a peripheral protein can be directly injected into the ATR
cell, followed by adsorption of the protein to the membrane
(34, 35, 41, 52). In the case of integral proteins, vesicles
with incorporated protein(s) are allowed to spread on the
monolayer and to yield bilayers with the reconstituted protein
(33, 39, 40, 53).

The protein-to-lipid molar ratio (P/L) can be determined
from a “polarization-independent” spectrum, which can be
obtained using aG of ≈0.8 for a Ge-supported thin
membrane in aqueous buffer. TheP/L ratio is calculated with
eq 5 of the Supporting Information, using integrated intensi-
ties of the lipid CH2 stretching band and the protein amide
I band, corrected for corresponding extinction coefficients.
The extinction coefficient of the lipid CH2 band can be
determined from the spectra of quantitatively deposited
monolayers, or by using anεPOPCof 1.32× 108 cm/mol (55),
corrected for the number of CH2 groups in the hydrocarbon
chains of the lipid (nCH2); i.e., εlipid ) nCH2 × 1.32× 108/28
) nCH2 × 4.71× 106 cm/mol. The extinction coefficients of
protein bands depend on the secondary structure. Venyami-
nov and Kalnin (57) reported the following integrated
extinction coefficients per peptide unit: 7.6× 107, 0.5 ×
107, 7.0 × 107, and 4.5× 107 cm/mol for R-helix, for the
high- and low-frequency components ofâ-sheet, and for
irregular (“random”) structures, respectively. For a given
protein, a weighted average of the extinction coefficient
should be obtained on the basis of its secondary structure
and multiplied by the number of peptide bonds (np) in the
protein. For a secretory PLA2, which incorporates 50%R,
10%â, and 40% irregular structure, a weighted average for
εprotein of np × 5.7 × 107 cm/mol was obtained (34).

The number of protein molecules bound per unit area of
the lipid bilayer (n) can be estimated using theP/L molar
ratio as (34, 35)

wherealipid is the cross-sectional area per lipid. Binding of
PLA2 to supported membranes was described by a Langmuir-
type adsorption isotherm supplemented with the Hill coop-
erativity coefficient

whereN is the number of binding sites per unit area,C is
the PLA2 concentration,K is the apparent binding constant,
and RH is the Hill coefficient. Adsorption isotherms char-
acterizing binding of PLA2 to supported membranes com-
posed of DPPC/DPPG bilayers at various ionic strengths are
presented in Figure 3. The binding parameters (N, K, and
RH) have been evaluated independently using two types of

Table 1: Parameters Characterizing the Structure and Hydration of
Lipid Monolayers As Determined by ATR-FTIR Spectroscopya

lipid
Alipid,||
(cm-1)

Alipid,⊥
(cm-1) S

νas,CH2

(cm-1)
alipid

(Å2)
Awater

(cm-1) W/L
h

(Å)

DPG 3.20 2.88 0.23 2916.5 35.7 0.69 3.8 3.2
DHPC 2.72 2.52 0.33 2917.1 44.8 0.84 5.9 3.9
DPPC 2.13 2.15 0.70 2919.5 49.9 0.81 7.2 4.3
DMPC 1.71 1.57 0.30 2921.7 58.1 1.02 9.3 4.8
POPC 1.64 1.40 0.05 2922.8 72.0 1.39 14.8 6.2
PLPC 1.51 1.26 -0.03 2924.4 75.5 1.44 16.0 6.3

a All absorbances are the integrated areas of corresponding bands,
hence the dimension cm-1. For water, an extinction coefficientεwater

of 1.17× 107 cm/mol was used (from ref56). Extinction coefficients
for lipids were found by correcting that of POPC [1.32× 108 cm/mol
(55)], using the numbers of CH2 groups in the hydrocarbon chains of
each lipid, as described in the text.

n ) P/L
alipid/2

(1)

n ) NCRHKRH

1 + CRHKRH
(2)
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Scatchard plots (34). The data indicate a significant weaken-
ing of the binding of PLA2 to membranes with increasing
ionic strength, which evidently results from the suppression
of electrostatic attraction between the cationic PLA2 molecule
and negatively charged membranes.

Reconstitution of integral proteins in supported membranes
involves solubilization in detergents and transfer of the
protein to lipid vesicle membranes either by incubation with
Bio-Beads (such as SM-2) or by dilution with a suspension
of vesicles so that the detergent concentration drops below
the critical micelle concentration (33, 39, 40, 53, 58).
Addition of proteoliposomes to a preformed lipid monolayer
results in spreading of the vesicles atop the monolayer and
formation of supported membranes with reconstituted integral
protein(s). The protein-to-lipid ratio then can be determined
as described above. Because the integral proteins span the
membrane, the expression for the surface density of the
protein now should involve the cross-sectional areas of both
the lipid and the protein; i.e., the denominator of eq 1 should
be alipid/2 + aprotein.

Membrane Protein Structure, Dynamics, and Orientation

The preferred solvent in protein FTIR spectroscopy is D2O,
rather than H2O, because (i) H2O strongly absorbs around
1645 cm-1 and obscures the protein amide I band, (ii) amide
I components ofR-helical and irregular structures overlap
in the region of 1660-1650 cm-1, and (iii) the use of D2O
allows assessment of the amide HX that contains valuable
information about the protein dynamics. Since the irregular
structure undergoes HX and shifts to lower frequencies
(∼1645 cm-1) much faster (∼1 s) thanR-helix does (minutes
to hours), spectra measured between exposure to D2O for
several minutes and 1-2 h provide spectrally separated
irregular and helical components and therefore contain more
information about protein structure than those measured in
H2O or after prolonged exposure to D2O. Figure 4 presents
three pairs of polarized ATR-FTIR spectra in the amide I
and amide II regions for theStreptomyces liVidans K+

channel (KcsA) reconstituted in a DPPC/asolectin bilayer

(33). The spectra measured in H2O and at different times of
exposure to D2O indicate profound changes in both amide I
and amide II bands resulting from amide HX. These spectra
have been used to describe the secondary and dynamic
structures of the protein (33).

Amide Hydrogen Exchange and Protein Dynamics.The
kinetics of amide HX have been determined by analyzing
spectral changes in both amide I and amide II regions (33-
35, 41, 52, 53, 58). Amide HX results in shifts of both amide
I and amide II bands toward lower frequencies by∼10 and
∼100 cm-1, respectively (from∼1650 to∼1640 cm-1 and
from ∼1545 to∼1450 cm-1, respectively). The exchanged
amide II′ band at∼1450 cm-1 cannot be used for HX
analysis because of the overlap with both solvent and lipid
vibrational modes (Figure 1). The kinetics of exchange can
be measured on the basis of the decrease in the intensity of
the unexchanged amide II band at∼1545 cm-1. The amide
II intensity must be normalized by using the ratio of the areas
of amide II and amide I bands (AamideII/AamideI) to avoid errors
related to loss or gain of the membrane-bound protein. If
the numbers of unexchanged and exchanged residues in the
protein areH and D, respectively, then the fraction of
unexchanged amide protons at a timet is defined as the
fraction of residual amide II band intensity, which is
described by a multiexponential function (33)

where time zero corresponds to the system in H2O buffer,ai

andτi are the amplitude and time constant of componenti,
respectively, andm is the number of components. Strictly
speaking, each amino acid residue in the protein is character-
ized by an individualτi, implying that ideallymshould equal
the number of amino acid residues. But it is obviously
impossible to determine several hundred parameters using a
single experimental multiexponential curve. Therefore, two

FIGURE 3: Binding of PLA2 to supported membranes composed
of DPPC and DPPG (3/2 molar ratio). The buffer contained 5 mM
Tris-HCl, 0.5 mM EGTA, and 1 mM NaN3 in D2O (pD 8.2), with
0, 0.01, 0.1, and 1 M NaCl (curves 1-4, respectively). The curves
are simulated by eq 2 using the following parameters:K ) 4.3×
105 M-1, N ) 0.213 nm-2, andRH ) 1.85 (curve 1),K ) 2.6 ×
105 M-1, N ) 0.189 nm-2, andRH ) 1.28 (curve 2),K ) 1.9 ×
105 M-1, N ) 0.166 nm-2, andRH ) 1.24 (curve 3), andK ) 2.8
× 104 M-1, N ) 0.07 nm-2, andRH ) 0.93 (curve 4).

FIGURE 4: Polarized ATR-FTIR spectra ofS. liVidansK+ channel
reconstituted in a supported DPPC/asolectin bilayer in H2O or D2O
buffer, as indicated. The H2O buffer contained 150 mM NaCl and
10 mM NaPi (pH 7.4), and the D2O buffer contained 150 mM NaCl
and 10 mM Tris-HCl (pD 7.4). The solid and dotted lines
correspond to parallel and perpendicular polarizations, respectively,
of the infrared light.
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to four components are usually used to describe protein HX
data (21, 23, 33, 53). Since the HX kinetics reflect solvent
accessibility and the strength of H-bonding in the protein,
this implies that all protein residues can usually be divided
into a small number of populations with similar dynamic
properties.

For peripheral proteins such as PLA2, which are not
protected from the solvent by insertion into the membrane,
the intensity of the amide II band at∼1545 cm-1 may nearly
vanish shortly after exposure to D2O. This makes it difficult
to gain complete information about HX using the amide II
band, including the slow component of exchange. In such
cases, the H-D exchange kinetics can be determined using
the amide I band, as described in the Supporting Information
(see also refs35 and41).

Gibbs free energies of HX (∆GHX) for each kinetic
population have been determined and interpreted in terms
of the structural features of corresponding residues (33, 53).

where τ0 (0.487 s) is the time constant of HX for an
unordered, solvent-exposed residue at 20°C and pH* 7.0
(pD 7.4). For example, in the KcsA K+ channel, three
populations were identified; one was HX-resistant, while the
other two were characterized by∆GHX values of 2.8 and
5.7 kcal/mol (33). Because 2.8 kcal/mol is similar to the∆G
of amide H-bonding, this population was suggested to
comprise H-bondedR-helical residues lining the water-filled
pore. The residues undergoing slow exchange were ascribed
to partially solvent-accessible secondary structures, such as
lipid-exposed transmembrane helices. Analysis of amide HX
of co-reconstituted sarcoplasmic reticulum (SR) Ca2+-
ATPase and13C-labeled phospholamban (PLB), an integral
regulatory protein, provided evidence for stabilization of
R-helices within the Ca2+-ATPase upon interaction with PLB
(53).

Protein Secondary Structure.Determination of protein
secondary structure by FTIR relies on the fact that the amide
I vibrations of different secondary structures occur at different
frequencies, as specified in Table 2. These are not strictly
fixed frequencies, however. The frequencies generated by
the same secondary structural element in different proteins
are likely to vary within a narrow range due to differences
in such factors as H-bonding strength and microenvironment

(“fingerprint” frequencies). Also, there are considerable
overlaps between certain structural elements, especially in
the region of 1700-1650 cm-1, where various modes ofâ-
andγ-turns overlap with the high-frequency counterpart of
the antiparallelâ-sheet and even with theR-helical compo-
nent. The problem can be partially solved with the following
procedure. Using the extinction coefficients for the low- and
high-frequency components of the antiparallelâ-sheet (7.6
× 107 and 5× 106 cm/mol, respectively), one can determine
the total antiparallelâ-sheet fraction (vVâtotal) to be 1.07flow,
where flow is the fraction of the low-frequency component
(at ∼1635 cm-1) that usually does not overlap with other
components. Then, the total turn fraction can be corrected
by subtracting 0.07flow from the fraction of components in
the region of 1700-1660 cm-1.

The structure of KcsA has been studied by ATR-FTIR
(33). The second derivative of the amide I spectrum of KcsA
(Figure 5A) exhibited a majorR-helical component around
1655 cm-1, and five weaker components. All six components
were identified by a curve fitting program (Figure 5B) and
were assigned to certain secondary structures, as shown in
Table 3. The fractions of the areas of all components with
respect to the whole amide I area roughly represent the
fractions of corresponding secondary structures in the protein.

Table 2: Amide I Frequencies of Most Typical Secondary
Structural Elements in Proteins in H2O and D2O Environmentsa

frequency (cm-1)

secondary structure H2O D2O

RI-helix 1658-1650 1655-1646
RII-helix 1666-1658 1658-1652
310-helix 1670-1660 1670-1660
vVâ-sheet 1638-1632 1636-1630
vVâ-sheet 1695-1675b 1680-1670b

intermolecularâ-sheet 1625-1615 1625-1615
â-turns 1685-1655 1675-1640
γ-turns 1690-1650 1690-1650
irregular 1660-1652 1648-1640
amide or aromatic side chains 1618-1605 1615-1600
a Data are taken from refs27, 30, and32. b In an antiparallelâ-sheet,

a weaker band appears at higher frequencies in addition to the main
component due to transition dipole coupling (27).

∆GHX,i ) -RT ln(τ0/τi) (4)

FIGURE 5: Results of curve fitting of the amide I band ofS. liVidans
K+ channel. The polarization-independent spectrum, shown in panel
B, was obtained using the parallel and perpendicular spectra of
Figure 4, corresponding to 2-10 min in D2O (A ) A|| + 0.8A⊥).
Six amide I components, shown in panel B, were found by curve
fitting, using the frequencies identified by the second-derivative
spectrum (panel A). The dotted line in panel B is the sum of all
components.

Table 3: Secondary Structure Characterizaton ofS. liVidansK+

Channel by ATR-FTIR Spectroscopya

frequency of amide I
component (cm-1) assignment

fraction
(%)

1684.8 turn orvVâ-sheet 4.2
1673.2 turn orvVâ-sheet 9.4
1655.8 R-helix 53.9
1643.9 irregular 5.3
1636.4 â-sheet 15.7
1618.6 side chains or intermolecularâ-sheet 11.5

a The curve fitting data are shown in Figure 5.
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The crystal structure of the truncated KcsA (residues 23-
119) contained 41%R-helix and noâ-structure (59), while
Table 3 reports 54%R-helix and∼16% â-structure. It is
possible that the fragment of the protein omitted in KcsA23-119

incorporates bothR-helical andâ structures. This was indeed
confirmed by the results of spin-label EPR studies on the
full-length protein reconstituted in lipid membranes (60).

Orientation of Membrane Proteins. Membrane proteins
form unique complexes with membrane lipids with the
precise, functionally productive spatial orientation of the
protein relative to the membrane plane (61-64). Orientations
of both membrane-binding proteins and peptides can be
determined by polarized ATR-FTIR spectroscopy. For
polypeptides containing a singleR-helix (or helices that are
strictly parallel or antiparallel to each other), one has to
evaluate theR-helical amide I ATR dichroic ratio [RR

ATR )
RATR(fR||/fR⊥), where RATR (A||/A⊥) is the overall amide I
dichroic ratio, andfR|| and fR⊥ are theR-helical fractions of
the amide I band at parallel and perpendicular polarizations,
respectively].RR

ATR is directly used to calculate the order
parameter and the average tilt angle of the helix with eqs 1
and 3 of the Supporting Information. For a peptide that, in
addition to R-helix, contains irregular (random) structure,
the following expression may be used to evaluateRR

ATR:

where Riso [)(Ex
2 + Ez

2)/Ey
2] is the dichroic ratio of an

isotropic sample, so evaluation ofRR
ATR requires accurate

determination of onlyfR⊥. Procedures for findingRR
ATR for

peptides containing additional structures, such asâ structure,
are described in the Supporting Information.

Often, the orientations ofR-helical segments of membrane-
bound peptides or proteins are evaluated by ATR-FTIR either
by using the total dichroic ratio of the amide I band (47, 50,
51) or by dividing the overall order parameter by the
R-helical fraction of the molecule (65, 66). The first approach
may involve ambiguity due to contributions of non-R-helical
structures in the measured dichroism, while the second
approach is likely to involve large errors. For example, if
the peptide contains anR-helical segment that is tilted toward
the membrane surface and has a negative order parameter,
but the overall order parameter is positive due to the other
structures in the peptide, then division of the overall order
parameter by theR-helical fraction will incorrectly indicate
an upright helical orientation.

For proteins with differently oriented helices, the inter-
pretation ofRR

ATR is complicated. Nevertheless,RR
ATR was

measured for rhodopsin using theR-helical components of
the amide I band at different polarizations and was used to
estimate the average orientation of helices (67). The average
orientation of the transmembrane helices of bacteriorhodopsin
(BR) was estimated by ascribing the measured overall
dichroism to these helices (51, 68, 69). In the latter case, it
is assumed that non-R-helical structures do not contribute
to the observed dichroism, which is not necessarily plausible.
Also, all helices are assumed to have similar orientations,
whereas in both rhodopsin and BR, interhelical angles reach
25° (70, 71).

A number of procedures have been offered that allow
relatively reliable determination of the orientation of mem-

brane-bound proteins. In the case of PLB, which has a
transmembraneR-helix and a tilted cytoplasmicR-helix (72),
the dichroic ratios of the transmembrane helix and of the
full-length protein were measured independently, which
allowed determination of the orientations of both helices (39).
The orientation of a membrane-bound peripheral protein was
estimated by fitting the experimental value ofRR

ATR with
that obtained by positioning the crystal structure of the
protein at the membrane surface (44). Orientation of a
â-barrel protein in membranes was determined by combina-
tion of ATR dichroic ratios with tilt angles of strands relative
to the barrel axis deduced from the high-resolution structure
(73). The orientations of the transition dipole moments of
various vibrational modes relative to transmembrane helices
of BR were determined by combining dichroic ratios with
the atomic-resolution structure of the protein (74). These
latter studies demonstrate the advantage of using atomic
structures of proteins to interpret ATR-FTIR data.

Isotope-Edited FTIR Spectroscopy

The vibrational frequency of a molecule composed of two
atoms with massesm1 andm2 can be expressed as

wherek is the bond strength. The frequency shift resulting
from isotope substitutions has been used to study local and
global structures of both proteins and lipids by “isotope-
edited” FTIR spectroscopy (75). Analysis of FTIR spectra
of phospholipids with selectively13C-labeled carbonyl groups
suggested that the components of the carbonyl stretching
band at∼1742 or∼1728 cm-1 were generated by CdO
groups that were dehydrated or H-bonded to water, respec-
tively (76, 77); H-bonding of the carbonyl oxygen weakens
the covalent CdO bond and decreases its vibrational
frequency. The temperature dependence of spectra of lipids
with unlabeled and deuterated hydrocarbon chains identified
segregated lipid domains in membranes (78-80) and re-
vealed selective interactions of membrane proteins with
specific lipid components in membranes (81, 82).

Because13C labeling of carbonyl groups of proteins
substantially shifts the amide I band to lower frequencies,
both uniform and site-specific13C (or 13C and15N) labeling
have been used in conformational analyses of proteins.
Uniform labeling of one of two interacting proteins, such as
a chaperone and its substrate proteins (83), receptors and
ligands (84, 85), calmodulin and target peptides (86), or
bacterial transporters (87), has allowed detection of individual
structural changes in both molecules via analysis of their
spectrally separated amide I bands.

A major advantage of isotope-edited FTIR spectroscopy
is that site-specific structures can be probed without a need
for perturbing modifications such as mutagenesis or attach-
ment of bulky molecular probes. Tadesse et al. (88) used
synthetic peptides in which five consecutive residues were
labeled with13C, resulting in an∼36 cm-1 downshift of the
amide I frequency and thus providing local structural
information. This strategy has been used to determine the
structures of specific sites in water-soluble and membrane-
binding peptides (58, 89-93).

RR
ATR ) RATR

fR⊥
- Riso

1 - fR⊥

fR⊥
(5)

ν ) 1
2πxk( 1

m1
+ 1

m2
) (6)
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Local structures in peptides and full-length proteins have
been analyzed by labeling a single residue, or two residues,
in the polypeptide chain. Rothschild and co-workers (94-
96) developed a protein engineering technique that permitted
incorporation of isotopically modified amino acids into
selected sites of proteins. FTIR studies on BR, in which the
backbone carbonyl carbons or side chain (ring) hydrogens
of single tyrosines were labeled with13C or 2H, respectively,
identified residues that undergo structural changes upon
functional transitions of the molecule. Labeling of just one
residue in transmembrane peptides of PLB or glycophorin
resulted in a new amide I component that was downshifted
by 42-44 cm-1 and was assigned to the amide I band of
the labeled amino acid (47, 97). The frequency and dichroism
of the shifted component were used to evaluate the local
secondary structure, as well as the tilt angle and rotational
orientation of peptides (47, 48, 97, 98). Double 13Cd18O
labeling of a single residue has been used to move the labeled
signal farther away from the main amide I band (from∼1659
to ∼1595 cm-1) and thus increase the spectral resolution (99).
Finally, the CD2 stretching modes of a single, CR-deuterated
glycine residue in a helical transmembrane peptide were used
to determine the helix tilt and rotational orientation in
supported membranes (100).

The results of isotope-edited FTIR when one or two
residues are labeled in the polypeptide chain should be
interpreted with caution. In such cases, delocalized vibra-
tional modes, such as amide I or amide II bands, cannot be
used to gain information about the local structure because
these modes are contaminated with neighboring unlabeled
residues. Labeling of segments, e.g., 5-10 consecutive
residues, would provide more reliable information about the
secondary structure and orientation of the segment, because
in this case the contributions from the unlabeled residues
will be minimized. In this respect, localized vibrational
modes, such as backbone or side chain CD2 stretching
vibrations (94, 95, 100), may be interpreted in a more
straightforward way than delocalized vibrational modes such
as amide I or amide II.

Interfacial Enzymology

ATR-FTIR spectroscopy was used to measure activities
of membrane-binding enzymes, such as PLA2 (34, 35) and
triglycerol lipase (101), by monitoring the enzyme concen-
tration-dependent decrease in the lipid signal. The use of
membranes composed of an unlabeled acidic lipid (DPPG)
and an acyl chain-deuterated zwitterionic lipid [DP(d62)PC]
as substrates for PLA2 indicated equal activity of the enzyme
for both lipids (Figure 6), implying that increased activity
of PLA2 for negatively charged membranes results from
stronger membrane-enzyme electrostatic interactions rather
than selective hydrolysis of the acidic lipid (34). On the other
hand, studies on PLA2 activity against membranes composed
of a lipid with one unlabeled and one deuterated acyl chain
demonstrated that lipid hydrolysis is followed by preferential
removal of the liberated lysolipid and accumulation of the
free fatty acid in membranes (34).

Protein-Protein Interactions in Membranes

Isotope-edited ATR-FTIR spectroscopy has recently been
used to study interactions between integral membrane

proteins (53). Co-reconstitution of SR Ca2+-ATPase with
uniformly 13C-labeled PLB permitted spectral resolution of
both amide I and amide II bands of both proteins (Figure
7). Analysis of the spectra indicated that the inhibitory action
of PLB involves stabilization of theR-helices within the
Ca2+-ATPase. This was confirmed by the PLB concentration-
dependent increase in the fraction of HX-resistant residues
in the Ca2+-ATPase. Moreover, this latter dependence, in
conjunction with measured Ca2+-ATPase/PLB molar ratios,
allowed quantitative characterization of the interaction
between the two proteins with a binding constant of 7.1×
104 M-1. This binding constant was similar to that deduced
from the inhibitory action of PLB on the Ca2+-ATPase,

FIGURE 6: ATR-FTIR spectra of a supported membrane composed
of an equimolar mixture of DPPG and DP(d62)PC as a function of
PLA2 concentration in the presence of 2 mM CaCl2, 100 mM NaCl,
15 mM KCl, 1 mM NaN3, and 10 mM Hepes in D2O (pD 8.0).
Dependencies of CH2 stretching bands of DPPG and CD2 stretching
bands of DPPC (framed by dotted rectangles) on PLA2 concentra-
tion were used to assess the selective hydrolysis of the acidic
(DPPG) and zwitterionic (DPPC) lipids by PLA2.

FIGURE 7: ATR-FTIR spectra of the Ca2+-ATPase (- - -), of [13C]-
PLB (‚‚‚), and following co-reconstitution of the Ca2+-ATPase with
an 11-fold molar excess of [13C]PLB (s) and the sum of the
individual spectra of the Ca2+-ATPase and [13C]PLB (-‚-). The
amide I and amide II bands of the Ca2+-ATPase are at∼1658 and
∼1546 cm-1, respectively. Labeling of PLB with13C results in a
shift of both amide I and amide II bands to 1608-1585 and∼1525
cm-1, respectively. These spectral separations allow analysis of
structural changes in both proteins resulting from their interaction.
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supporting the conclusion that the observed rigidification of
the helical structures in the Ca2+-ATPase by PLB was
involved in the regulatory function of PLB.

Time-ResolVed Difference Spectroscopy

Steady-state and time-resolved difference FTIR spectros-
copy has been used in both direct transmission and ATR
modes to determine light- or ligand-induced dynamic struc-
tural changes in membrane proteins. Spectral differences
between the ground and activated states of proteins allow
identification of structural units involved in functional
transitions and characterization of underlying conformational
changes (102-106). The time scale of typical vibrational
modes in mid-infrared spectroscopy (e.g.,∼2 × 10-14 s in
the amide I region) allows measurements of fast conforma-
tional changes in proteins with picosecond to femtosecond
time resolutions. Fast events in proteins have been detected
by rapid-scan FTIR spectrsocopy, which is limited by the
velocity of the mobile mirror and provides time resolutions
of ∼10-100 ms, or step-scan spectroscopy, which records
time-dependent changes in given absorbance bands at many
fixed wavenumbers and then combines them to produce
spectra with time resolutions on a time scale between
microseconds and picoseconds (107-111). Time-resolved
difference spectroscopy, i.e., analysis of fast spectral changes
within regions that are assigned to certain structural and
functional groups of proteins, has provided insight into the
molecular details of several membrane proteins, including
(bacterio)rhodopsin (107, 111-120), different isoforms of
cytochrome oxidases (121-125), photosynthetic reaction
centers (126-129), SR Ca2+-ATPase (130-132), and mem-
bers of the Ras superfamily (133, 134).

Simultaneous assessments of light-induced protonation and
deprotonation of aspartic acid residues of BR, backbone
motion of the protein, and retinal isomerization by rapid-
scan FTIR at 7 ms resolution suggested a synchronized
mechanism for light-driven proton transfer (107), and key
Asp residues have been identified by site-directed mutagen-
esis (135, 136). This model was later confirmed by atomic-
resolution structures of wild-type and mutant BR (6, 137,
138). In a recent time-resolved difference FTIR study, the
light-triggered electron and proton transfer reactions in a 100
kDa photosynthetic protein were monitored in a time frame
ranging from 30 ns to 35 s, which provided unprecedented
insight into the dynamic mechanism of electron and proton
coupling that can hardly be obtained with other techniques
(129).

Time-resolved difference ATR-FTIR spectroscopy offers
a number of potential advantages compared to the transmis-
sion FTIR technique. In the ATR mode, conditions such as
pH and reactants can be manipulated by means of perfusion
without perturbation of the protein sample, and fast orien-
tational changes of certain protein segments can be identified
by recording time-resolved spectra at different polarizations
of the incident light. Indeed, step-scan ATR-FTIR difference
spectroscopy enabled characterization of fast ligand binding
and redox reactions in cytochromec oxidase (121) and
transient changes in the pK values of single amino acid
residues of BR involved in active proton transport (112, 113).
In case of thick layers of protein/lipid samples (d . dp),
spectra must be corrected for increased band intensities

toward lower frequencies due to deeper penetration of the
evanescent field into the sample (see eq 2 of the Supporting
Information and ref105).

The orientation of membrane proteins and their structural
elements can also be determined by direct transmission of
polarized light through oriented samples that are positioned
at different angles with respect to the plane of polarization.
This technique has been used to determine the orientation
of the transmembrane helices, individual carboxylic side
chains, and the retinal chromophore of BR (68, 139-142),
as well as to gain structural information about other proteins
and peptides (143, 144). Polarized FTIR was used in the
rapid-scan mode to determine changes in orientations of
functionally important units of BR during the photocycle with
a millisecond time resolution (145). This latter study, together
with other time-resolved FTIR investigations where transient
intermediate states of proteins were identified at superior time
resolutions (111, 129, 146), demonstrates that polarized and
time-resolved FTIR spectroscopy can provide invaluable
insight into the molecular details of protein function that is
out of reach of many other techniques.

Conclusions and Future Directions

ATR-FTIR spectroscopy is a powerful technique that is
making inroads in the field of membrane biophysics and has
already helped elucidate various aspects of the structure and
function of membrane proteins and lipids. Often, protein/
lipid samples for ATR-FTIR (21-23, 47-51) or transmis-
sion FTIR experiments (68, 69, 139-141, 143, 144) are
prepared by drying the sample on the surface of the internal
reflection element or the FTIR window. Although in some
cases the protein seems to maintain its functionality under
these conditions (21, 23), the absence of excess water is likely
to affect the structure and function of both the protein and
the lipid (147-149). Therefore, samples under bulk aqueous
phase are more physiologically relevant than dry samples.
Also, samples thicker than the depth of penetration of the
evanescent field yield spectra in which absorbance intensity
linearly increases with decreasing frequencies (51, 105, 106);
this must be taken into account in data analysis.

Caution should be used in interpreting experimental data
in terms of local or global secondary structure and orientation
of proteins. Polarized spectra cannot be used for secondary
structure determination, and delocalized vibrational modes
(such as amide I) generated by single isotope-labeled residues
cannot provide correct information about local structure or
orientation. Segmental isotope labeling of proteins, which
can be achieved using peptide ligation techniques (150), is
an especially promising strategy for various purposes, such
as determination of local structure and orientation of selected
segments of proteins and for positioning of proteins on the
membrane surface. The latter can be done by measuring the
total R-helical dichroic ratio of the protein and that of a
particular, isotope-labeledR-helix in the context of the whole
protein. These two dichroic ratios can be used to determine
the three-dimensional orientation of the membrane-bound
protein.

SUPPORTING INFORMATION AVAILABLE

ATR-FTIR determination of order parameters and surface
densities of membrane lipids and proteins, and measure-
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ment of hydrogen exchange using the amide I band. This
material is available free of charge via the Internet at
http://pubs.acs.org.
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